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1. Introduction

Biological cells are dynamic entities as they are able to crawl, 
contract, and probe their physical surroundings through the 
generation of cytoskeletal forces.[1] Their ability to generate 
these forces is essential to the development, function, and 
maintenance of tissue for it provides a mechanism for cells to 
migrate to areas of need or pull together to provide shape and 
integrity to a tissue.[2,3] Failure to produce an appropriate degree 
of force can lead to abnormalities such as developmental 
defects, poor tissue function, or diseased states.[4,5] The wide 
interest in cellular forces and their importance in cell biology 
has fueled the development of tools that can measure these 
forces in individual cells and in multicellular structures.

Cellular forces arise from regions of tension within the 
cytoskeleton that are transmitted to points of adhesion with 
the extracellular matrix (ECM) or between neighboring cells. 
Cytoskeletal tension is due to the motor activity of bipolar 

The ability for biological cells to produce mechanical forces is important for 
the development, function, and homeostasis of tissue. The measurement 
of cellular forces is not a straightforward task because individual cells are 
microscopic in size and the forces they produce are at the nanonewton scale. 
Consequently, studies in cell mechanics rely on advanced biomaterials or 
flexible structures that permit one to infer these forces by the deformation 
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the use of deformable materials and deformable structures to measure cel-
lular forces are reviewed. The findings and insights made possible with these 
approaches in the field of cell mechanics are summarized.
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myosin filaments as they bind to two or 
more actin filaments, causing them to 
move past each other in an antiparallel 
fashion.[6] If a cell is in free suspension 
or unconnected to another material, the 
movement of cytoskeletal filaments due to  
actin–myosin interactions causes the 
shape of a cell to contract. However, when 
a cell is attached to structures within the 
ECM or to adjacent cells, the movement 
of cytoskeletal filaments is restrained, 
but a contractile force is still present. By 
definition, the tension in the cytoskeleton 
produces cellular forces that act on the sur-
roundings of the cell (cell–matrix forces) 

or at the junctions between cells (cell–cell forces). These forces 
can range from the scale of piconewtons to several hundreds 
of nanonewtons depending on the size and maturation of the 
adhesion site as well as the degree of actin–myosin activity 
within a cell.

The tools used to measure cellular forces, often termed trac-
tion force microscopy (TFM), rely on a fundamental principle 
of physics attributed to Robert Hooke, who was also the first 
to record the discovery of cells in Micrographia in 1665.[7] In 
accordance with Hooke’s law for elasticity and springs, one 
can quantify the amount of force applied to an elastic mate-
rial or structure by observing the deformation that it causes. 
However, the measurement of cellular forces is a difficult 
task because of their microscopic size and transmission of 
force to multiple points of adhesion that are nanoscale. More-
over, cells are living entities that respond to physical stimuli 
through a process known as mechanotransduction, which can 
be defined as the generation of biological responses by the 
effect of applied forces or the mechanical properties of the 
microenvironment.[8] Perhaps one of the most fascinating and 
simultaneously challenging aspects of studying cellular forces 
is that they can change in response to the mechanical proper-
ties of the tool itself. The adaptability of cells to the tools used 
to measure them makes it difficult to characterize the natural 
state of cells. Thus, one of the major goals of cell mechanics 
is not only to measure cellular forces but also to identify the 
mechanism by which cells sense, interpret, and respond to 
physical stimuli.

In this review, we provide an overview of the deformable 
materials and structures used to measure cellular forces during 
migration and contraction. In both sections, we highlight how 
these studies have helped to reveal how cellular forces are regu-
lated and what roles they play in the biological function of cells. 
We close with a future outlook on the emerging directions in 
cell mechanics.
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2. Deformable Materials

The first approaches to measure cellular forces were performed 
on deformable materials. It is common with these approaches 
to seed cells onto the surface of a substrate that has adhesive 
ligands for cellular attachment. As cells generate cell–matrix 
forces at their locations of adhesion, they cause the substrate 
to deform. Since a cell’s adhesions are often distributed within 
the cell–substrate interface, they can be described as tractions, 
i.e., force per unit area. The magnitude and direction of cellular 
forces are inferred by the amount of deformation at its surface 
(Figure 1A).

To infer cellular forces from material deformation, a key 
material relationship must be characterized: the proportion 
in which applied forces cause deformations to a material. 
This relationship is usually described as stress versus strain 
(Figure 1B) where stress (σ) is the applied force divided by the 
area over which it is applied and strain (ε) is the ratio change 
in distance between points on a surface. Knowing the stress 
versus strain behavior of a material enables one to calculate 
the modulus of elasticity (E) or Young’s Modulus, which is the 
slope of the stress versus strain data in its linear elastic region 
(Figure  1B). It is ideal to use materials whose chemistry and 
manufacturing process lead to stable and consistent material 
properties. Materials historically and commonly used include 
polysiloxane (silicone), polyacrylamide, native ECM, and engi-
neered gels, which will be described in the sections below.

2.1. Polysiloxane Deformation

The first work to measure cellular forces involved seeding 
cells on a thin membrane of polysiloxane, more commonly 
known as silicone rubber. As a cell contracted or migrated, the 
membrane deformed to the point that it buckled or wrinkled 
(Figure  2A).[9] This technique was used to compare forces of 
different cell types, noting that fibroblasts produced the most 
wrinkles (Figure 2B), while macrophages were less contractile 
and cause no wrinkles on the surface.[10] The authors of this 
seminal work made their deformable substrates by exposing a 
film of polysiloxane fluid to a flame in order to crosslink a thin 
membrane at the surface of the polymer. Composed of a silicon-
oxygen backbone, polysiloxane is considered to be biologically 
inert and nontoxic. Additionally, the material is linearly elastic 
within the range of forces produced by cells. Polysiloxanes are 
also relatively unsusceptible to problems due to biochemical 
exchange, such as shrinkage. Perhaps their greatest advantage 
is their transparency to optical and fluorescence microscopy, 
which make it possible to observe the cells as well as the wrin-
kles they cause.[9]

Others expand on the original wrinkling method by using 
UV irradiation to reduce the stiffness of the polysiloxane 
membranes, making them more permissible to wrinkling at 
a lower range of cellular forces.[11,12] This method was used to 
measure cellular forces during cytokinesis[11] and to examine 
the dynamics of cellular forces during cell locomotion.[12] Sili-
cone wrinkling has also been used to assess the regulation 
of myosin activity by caldesmon[13] and to identify α-smooth 
muscle actin as a biomarker of contractile myofibroblasts[14] 

(Figure 2B,C). This wrinkling method was seminal to the field 
and was a simple method to adopt by others, requiring only sili-
cone oil and a flame, but also necessitated a fair degree of skill 
to produce membranes that were consistent in thickness and 
stiffness between substrates.

In order to gain more quantitative data on cellular forces, 
a method was developed in which wrinkling is avoided and 
latex beads are embedded into the top surface of a polysiloxane 
membrane to visually track the deformations in the substrate 
(Figure  3A).[15] Specifically, latex beads were brushed into 
the liquid surface of polysiloxane and then a glow discharge 
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device was used to form a crosslinked membrane that encap-
sulated the beads. Beads in an undeformed, zero-displacement 
state (before cellular deformation) were imaged as a reference 
image (Figure  3B). Keratocytes then migrated into an area 
and displaced the beads. Bead displacement was calculated by 
comparing an image of displaced beads to the reference image 
of the zero-displacement state (Figure  3C,D). Using this tech-
nique, it was observed that the largest forces occurred at the 
marginal edges of the cell, not at the extended front edge.[15–17] 
In addition, this technique facilitated the first quantitative data 
of the magnitude (length of arrow) and direction (orientation of 
arrow) of cellular forces.[15–18]

To avoid the challenge of taking an image of the substrate in 
its undeformed, zero-displacement state as a reference image, a 
pattern of beads or markers have been used for reference-free 
traction force microscopy[20] (Figure  3E). Because this method 

involves the elimination of the reference image, it is termed 
“reference-free.” Rather than generating randomly spaced 
markers, reference-free traction force microscopy involves cre-
ating an orthogonal or hexagonal pattern of beads or visual 
markers and measuring their displacement from the grid. The 
pattern reduces the technical challenge of documenting the 
zero-displacement location of the markers by either 1) imaging 
the substrate before adding cells or 2) removing cells and reim-
aging. This method was used to understand the relationship of 
focal adhesion size and force generation (Figure 3F–H).[19,20]

2.2. Polyacrylamide Deformation

Over a decade and a half after the first seminal work using 
polysiloxane, a new material was advanced to measure cellular 
forces: polyacrylamide gels.[21,22] Polyacrylamide is a hydrogel 
polymer composed of acrylamide (CH2CHCONH2) units. 
The authors of this work chose it because it is elastic over a 
wide range of cellular forces and its stiffness can be tailored 
by changing the amount of crosslinker (bis-acrylamide). Similar 
to polysiloxane, polyacrylamide has optical qualities that permit 
optical and immunofluorescent microscopy and its surface can 
be coated with one or more types of ECM proteins to permit 
cellular adhesion.[22]

Early studies with polyacrylamide found that the stiffness of 
a substrate can cause a mechanotransduction response in cells 
that affects the extent to which they are able to spread, how 
fast they can migrate, and their ability to form focal adhesions 
that are strong and stable.[21] Initially, nonfluorescent latex 
beads were embedded into the polyacrylamide gels and used 
to measure cellular forces,[22] and later, fluorescent beads were 
used.[23] Reference-free traction force microscopy, which over-
comes the computational challenge of imaging twice and back 
calculating deformation, was first conducted on polysiloxane[20] 
and can also be employed on polyacrylamide.[24] In addition to 
patterning latex markers, adhesion molecules on the surface 
can be controlled by patterning extracellular matrix proteins 
to simultaneously measure cellular forces while also character-
izing the effect of adhesion molecules on cellular forces.[25,26] To 
increase throughput, markers can be spaced such that the cell 
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Figure 1.  Cellular forces can be measured using deformable materials.  
A) A cell grown on the surface of a deformable material produces con-
tractile forces that causes displacements on the surface of the material. 
Dashed lines represent the projected cell area before contraction. Arrows 
indicate the location, direction, and magnitude of the forces produced by 
a cell. B) To measure cellular forces, elastic materials are often used which 
have a linear relationship between applied stress and observed strain. The 
slope of this linear relationship is referred to as the modulus of elasticity 
or Young’s Modulus (E). To achieve the same amount of strain in a soft 
(lower E, purple line) or stiff material (higher E, blue line), more stress 
needs to be applied to the stiff material. Once the Young’s Modulus of 
a material is known, one can measure deformation caused by cellular 
forces and infer the magnitude and direction of those forces.

Figure 2.  The first seminal method to study cellular forces involved polysiloxane wrinkling. A) Cells were seeded on a polysiloxane fluid that was 
briefly exposed to a flame to crosslink a thin surface. Cellular forces deformed the membrane and caused it to buckle or wrinkle. B) Wrinkles in the 
polysiloxane membrane can be visualized under light microscopy. C) When used in conjunction with fluorescent microscopy, the magnitude of cellular 
forces can be correlated with the expression of biomarkers. For example, a fibroblast that is positive for α-smooth muscle actin (SMA) (yellow) create 
cellular forces that produce visible wrinkles, unlike those that are negative for α-SMA (green). (B,C) Adapted under the terms of the Creative Commons 
Attribution 3.0 Unported.[14] Copyright 2001, the Authors. Published by The American Society for Cell Biology.
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binds to a location over two markers, pulling them together, and 
simplifying the analysis to increase throughput.[27] Ultimately, 
polyacrylamide deformation for traction force microscopy has 
been used for a variety of applications and for a variety of cell 
types[28–38] and many would agree that it is currently the most 
widely used traction force microscopy method.

2.3. Native ECM and Engineered Gel Deformation

Since cells live in a 3D environment in vivo, there is a strong 
interest in the use of deformable materials that can be used for 
measuring cellular forces and within which cells can be cul-
tured. Materials derived from native ECM, such as collagen, 
can be used to make a hydrogel. Unlike polysiloxane or poly-
acrylamide, these native ECM gels permit the diffusion of gas 
and nutrients for cell survival. For example, epithelial cells 
and tissues were embedded in type I collagen with fluores-
cent markers.[39] Cellular forces were inferred from bead dis-
placement to find that single cells generate tension (pulling) 
in 3D and that multicellular tissues can cause compression 
(pushing).[39] Additionally, biopolymer gels composed of col-
lagen, fibrin, or matrigel were used to measure cellular forces 
in 3D and to show that breast carcinoma cells generate con-
stant force during exposure to varying collagen concentrations 
and matrix stiffnesses.[40] This somewhat contradicts findings 
on 2D platforms in which stiffer substrates induced more 

cell spreading and more mature (spread and organized) focal 
adhesions.[41,42]

While ECM proteins provide a physiologically relevant envi-
ronment to cells, they often behave in a nonelastic manner, 
making them mechanically complex. Additionally, seeded cells 
may degrade, synthesize, and/or remodel native proteins, leading 
to unclear interpretations about how material deformation relates 
to cellular force. To avoid these complications, engineered syn-
thetic gels were created that are mechanically stable (mechanical 
properties are minimally affected by cells) but that also promote 
cell adhesion. As an example, a polyethylene glycol (PEG)-based 
hydrogel with proteolytically degradable domains and adhesive 
domains to facilitate cell invasion and spreading was used to 
measure cellular forces in 3D.[43] This showed that cells in 3D 
probe the extracellular environment with long, slender cellular  
extensions that produce large tractions.[43] Using a similar PEG 
hydrogel functionalized with arginine-glycine-aspartic acid-
serine,[44] cellular force measurements were conducted where 
cells are seeded on top of a substrate (such that the cell is in a 2D, 
not fully encapsulated environment) and displacement of markers 
is measured in 3D (to reveal 3D cellular forces); this is referred 
to as 2.5D.[45] This revealed out-of-plane forces at the focal adhe-
sions, which have not been observed in 2D measurements.[45]

As will be discussed in Section  3.4, it is also possible to 
conduct measurements of multiple cells that act as a tissue 
while embedded in native ECM or engineered gel. This is dis-
tinct from the methods discussed in this section in that rather 
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Figure 3.  Cellular forces have been measured by the displacement of beads embedded in polysiloxane. A) Surface displacements can be calculated 
from the movement of beads randomly embedded in the material. Dotted circles indicate the bead location after cellular displacement and the arrows 
indicate the magnitude and direction of their displacement. B–D) Fluorescent microscopy allows for the analysis of bead displacements (white dots in 
(B)) and spatially arrangement of actin filaments (green and blue in (C), where blue is the actin closer to the surface). Bead displacement vectors can 
be calculated (arrows in (D)) and overlaid on a colormap to visualize areas of large displacements (colors in (D), units of colormap are µm.). E) Beads 
can also be placed in a nonrandom orthogonal or hexagonal pattern. F–H) Fluorescent microscopy allows for imaging the displaced position of the 
beads (white dots in (F) and red dots in the inset in (G)) along with fluorescent microscopy of their focal adhesions (FA) by paxillin (green in (G)) to 
examine the relationship between FA area and cellular forces (graph in (H), inset in (H) shows zoom region of FAs with force vectors indicating location, 
direction, and magnitude). (B–D) Adapted under the terms of Creative Commons Attribution 4.0 International License.[18] Copyright 2011, the Authors.  
Published by the Public Library of Sciences. (F–H) Adapted under the terms of Creative Commons Attribution 4.0 International License.[19] Copyright 
2016, the Authors. Published by Springer Nature.
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than measuring cell-induced deformation of a material (by 
visualizing wrinkles or marker displacement), this involves 
measuring the deformation of a structure.

3. Deformable Structures

A deformable material can be used to craft a deformable struc-
ture, commonly shaped as a beam or cantilever. When a cell 
applies a force on the structure, it causes the structure to bend 
or deflect, which results in a visible displacement at the point 
where the force is applied. According to Hooke’s law, the dis-
placement (δ) can be used to measure the amount of force (F) by

δ=F k 	 (1)

where the spring constant (k) of the structure is empirically 
tested or mathematically determined by the geometry of the 
structure and the modulus of elasticity of its material. Deform-
able structures have been constructed with a range of different 
shapes and sizes in order to suit a particular application or type 
of cell; these devices include microposts, silicon cantilevers, 
nanoposts, tissue posts, and fibrous matrices.[46]

3.1. Microposts

Microposts are an array of cantilevers made from polydi-
methylsiloxane (PDMS) that can be used to measure cellular 

forces by quantifying their deflections (Figure  4A).[47] Due 
to the close spacing between the posts, a cell can spread 
out and attach to the tips of multiple posts, allowing one to 
measure its forces at several locations simultaneously since 
microposts are able to deflect independently from their 
neighbors.[48] Based upon the amount of deflection at the tip 
of a micropost and its direction, one can calculate the force  
generated by a cell using Hooke’s law (Equation  (1)), where 
the spring constant is k  =  3πEd4/64L3, E is the modulus of 
elasticity of PDMS, d is the diameter, and L is the length 
of the post (Figure  4B). Notably, this method is a direct  
calculation of force and overcomes some of the mathematical 
challenges associated with measuring forces using traction 
force microscopy.[49,50]

Microposts are manufactured using photolithography to 
build a master structure and soft lithography to produce the 
final structures in PDMS (Figure  4C). Multiple PDMS sub-
strates can be generated from the same master with sequen-
tial casting of negative PDMS molds, which ensures that the 
dimensions of the microposts are similar between experiments 
(Figure 4D). Alternatively, PDMS microposts can be created by 
directly casting from a silicon master that has holes instead of 
posts.[53] After casting, the spring constant of the microposts 
can be estimated by the length and diameter of the final struc-
tures and the modulus of elasticity of PDMS.[54,55] Calibrating 
the spring constant can also be determined empirically, e.g., 
using atomic force microscopy (AFM), but often these direct 
measurements are difficult to perform due to the size and scale 
of the microposts.[55]
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Figure 4.  Cellular forces can be measured using microposts. A) Cells deflect the microposts as they contract and the amount of force can be calculated 
from the deflection of the posts (δ). B) Each post is a cantilever beam of length (L) and diameter (d) that deflects in proportion to the force applied at 
its tip (F). C) Using photolithography techniques, a master structure of the microposts is made using SU-8 photoresist on a silicon wafer by exposing 
it to UV light through a chrome mask, baking it to crosslink the SU-8, and then using a solvent to develop the final master structure by removing the 
unexposed SU-8. Next, soft lithography techniques are used create a negative mold of the microposts by casting them in PDMS, then fluorosilanizing 
the mold and using it to cast the final PDMS structure. D) An array of PDMS microposts imaged by scanning electron microscopy. E) Cellular forces 
are measured by quantifying the defection of the posts which have been labeled with a fluorescent dye (red). White arrows indicate direction and 
magnitude of the forces, green is F-actin staining, and blue marks the nucleus. (C) Adapted with permission.[51] Copyright 2007, Elsevier. (E) Adapted 
with permission.[52] Copyright 2012, Elsevier.
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To quantify cell forces, one typically confines the adhe-
sion of the cells to the tips of the microposts. Arrays of 
microposts are prepared for cell seeding by stamping 
fibronectin or another ECM protein on the tips of the posts 
to support the formation of focal adhesions. The sides of 
each post are typically treated with Pluronic F-127 to prevent 
protein adsorption and thereby limit adhesion. Depending 
on the application, alternative techniques have been used to 
encourage cell adhesion, such as gold-tipped microposts[56] or 
sacrificial layers.[57] Using optical or fluorescence microscopy 
approaches, the deflection of the micropost can be recorded 
for fixed and stained samples (Figure  4E) or with live-cell 
imaging (Figure  5A). Image analysis routines are used to 
track the distance between the centroid of each micropost 
and its undeflected position (Figure 5B) in order to determine 
its deflection (Figure 5C).[53] In this manner, it is possible to 
measure the magnitude and direction of the force at each post 

by Equation  (1) for a single image (Figure  4E) or for video 
data (Figure 5D).[58]

Microposts can be a versatile tool for measuring cellular 
forces. With immunofluorescent techniques, they have been 
used to examine signaling pathways that regulate cell–matrix 
forces and focal adhesion size[47,60,61] Using optical microscopy 
for live cell imaging, they can be used to quantify the dynamics 
of twitch contractions in neonatal rat cardiomyocytes[57,59,62–64] 
and pluripotent stem cell-derived cardiomyocytes.[57,65–68] 
Microposts can also be used to measure the forces of platelet 
aggregates that form on the tips of microposts in an effort to 
understand the mechanisms that regulate thrombus forma-
tion.[69–71] The versatility of microposts is further detailed in the 
following sections highlighting a number of studies involving 
mechanotransduction cues performed by altering the geometry  
of the posts, changing the stiffness or topography of the  
extracellular environment, or by applying an external force.

Adv. Healthcare Mater. 2020, 1901454

Figure 5.  Quantification of cellular forces by tracking the displacement of the microposts. A) A single cardiomyocyte is shown on microposts. B) The 
displacement of a post is tracked over time by determining the distance from the centroid of the tip of the post (red dot) to its undeflected position 
(blue “x”). C) The dynamics if a cell’s contractile forces can be monitored as shown by the displacement versus time and D) force versus time graphs. 
Posts near the boundary of the cell (blue) tend to deflect more than posts near the center of the cell (red), while posts where the cell is not attached 
do not deflect (green). Reproduced with permission.[59] Copyright 2016, Elsevier.
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3.1.1. Controlling Extracellular Stiffness of Microposts

Cells form linkages known as focal adhesions with their extra-
cellular environment, creating tension within the cytoskel-
eton and exerting a force on the surrounding environment. 
During cell migration, these forces permit a cell to probe its 
environment and acquire feedback via its integrin receptors 
and mechanotransduction proteins, allowing the cell to adjust 
its behavior in response to mechanical cues in its extracellular 
environment.[72] In fact, cell–matrix forces are largely dependent 
on substrate stiffness; typically, larger forces are observed on 
stiffer posts.[73] The correlation between substrate stiffness and 
force has been observed not only at the cellular level but also 
at the molecular level using microposts and a vinculin-based 
molecular tension sensor that uses Förster resonance energy 
transfer (FRET).[74] By changing the mechanical properties of 
the microenvironment—height, diameter, shape, and spacing 
of microposts—one can examine how the extracellular environ-
ment impacts differentiation, growth, and migration.

To mimic changes in the extracellular environment, the 
stiffness of the posts can be altered by changing their height 
and diameter. Varying the stiffness of posts is used to study 
cellular response to mechanical stimuli, such as stem cell dif-
ferentiation and cell growth. For example, mesenchymal stem 
cells, which can become cartilage, bone, muscle, or fat cells, 
have been observed to “feel” stiffness and differentiate accord-
ingly.[75] Longer posts are softer, mimicking fat, while short pil-
lars are more rigid, like bone. Substrate stiffness in conjunction 
with other factors cues stem cell differentiation. Additionally, 
by utilizing posts of ellipsoidal cross-sectional shape to create 
higher stiffness in the direction of its major axis, cells have 
been observed to grow in the direction in which their microen-
vironment is more rigid.[76] Likewise, cells favor migration and 
growth toward stiffer posts in studies using adjacent posts with 
differentiable height, spacing, and diameter.[77–79]

3.1.2. Regulating Cell Shape, Configuration, and Migration on 
Microposts

As demonstrated by micropost studies, biochemical cues also 
drive cell behavior. By strategically stamping fibronectin in a 
pattern on the posts, one can control the direction of cell migra-
tion, or the ability of cells to spread and form cell–cell contact. 
For example, by confining cells to spread within a confined area 
(Figure 6A–D), cell–matrix forces were found to be dependent 
on spread area as well as substrate stiffness (Figure 6E).[52] The 
mechanotransduction effect of spread area and stiffness also 
influenced the size of focal adhesions within a cells, confirming 
that force and adhesion size are closely related.

The ability of cells to generate cell–cell forces may regulate 
tissue organization and structure.[80] These forces act perpen-
dicular to the surface of cell–cell contact, forming an adherens 
junction which relies on myosin-dependent tension. Stamping 
fibronectin in a bowtie pattern on the tips of microposts can 
constrain cell–cell contact to one interface (Figure 7A–D). The 
size of the adherens junctions between a pair of endothelial 
cells was observed to be in proportion to the amount of cell–cell 
force acting at the junction, i.e., tugging force (Figure  7E).[80] 
Modulation of cytoskeletal tension through actin, myosin, or 
microtubules had a direct effect on junction size (Figure 7E).[80] 
However, when cell–cell forces in epithelial cells were meas-
ured using TFM, a correlation with the size of adherens junc-
tions was not observed.[81] Instead, there was a correlation 
between cell–matrix and cell–cell forces. Microposts were later 
used to measure cell–cell forces at desmosomes in cancer cells 
and a correlation between cell–cell force and junction size was 
observed.[82] These observations indicate that cell–cell junctions 
are sensitive to cellular forces, but it may not be common to all 
cell types or experimental conditions.

A monolayer, as seen in the epithelium and endothelium, 
is a single layer of cells growing side by side, encompassing 
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Figure 6.  Human pulmonary artery endothelial cells confined to areas of A) 441 µm2, B) 900 µm2, C) 1521 µm2, and D) 2304 µm2. The red dots are 
microposts and white arrows represent force vectors. Surface plots indicate that the E) average cell–matrix force and F) average focal adhesion area 
have an inverse relationship with spread area and stiffness. Adapted with permission.[52] Copyright 2012, Elsevier.
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multiple cell–cell force interactions. Monolayers are difficult 
to study because they involve complex cell patterns, have many 
cell–cell interactions, and migrate collectively.[83] In an epi-
thelial monolayer, the largest cellular forces were observed in 
the border cells.[84] At a distance close to one cell length from 
the edge, internal cells had forces half as strong as the border 
cells.[84] Furthermore, the endothelium is responsible for regu-
lating the transmigration of molecules and leukocytes between 
the blood and tissue.[85] The transmigration process involves 
rolling adhesion, firm adhesion, and penetration. Using 
microposts, the cellular forces were observed to increase during 
firm adhesion, with the cells directly in contact with the leuko-
cytes increasing the most.[85] Monolayers exposed to shear flow 
are also of interest to study changes in cellular forces and cell–
cell forces in response to mechanical stimuli.[86] Microposts can 
be built into a flow chamber designed to deliver laminar and 
disturbed flow. Compared to static conditions, endothelial cel-
lular forces increased under laminar flow, but decreased under 
disturbed flow.[86]

Cellular migration aids in embryotic development, tissue 
repair, and immune response, rendering it a necessary process 
to maintain homeostasis.[87] Studying cellular forces during dis-
tinctive stages of migration or in different environments may 
clarify the mechanical mechanisms regulating pathological 
functions. During 1D cell migration, a cell protrudes forward, 
adheres to a substrate, contracts, and releases its rear. Fibro-
blasts migrating along a line of microposts revealed cellular 
contraction does not cause rear release. Rather, focal adhesion 
disassembly at the rear is independent of contraction.[87] In 
another study focused on unidirectional cell migration, com-
putational models validated experimental micropost results.[88] 
As shown by micropost deflection, cells exhibit higher forces 
at their boundary and lower forces at their center with the 
highest force at the trailing edge. Studying cells on microposts 
arrays with variable spacing between the posts revealed that 

cells exhibited smaller forces on high density areas (more posts 
underneath) and lower forces on low density areas (less posts 
underneath). Additionally, the cells had a tendency to migrate 
toward increasing micropost densities.[88]

Similarly, cells encounter complex microenvironments 
during 3D cell migration. Cells were studied on microposts with 
different surface coatings and post spacings to mimic physical 
confinement.[89] Cells traveled faster on the tops of microposts, 
while cells squeezing between microposts were slower. To 
further investigate how cells respond to a confined space, 
they were covered with a second set of microposts. When the 
spacing between the top and bottom microposts was reduced 
such that cells could adhere to both sets of microposts, it was 
found that they migrated at a higher speed.[89] In another study, 
cell migration toward a chemotactic stimulus was observed 
inside a microfluidic device consisting of microposts embedded 
in channels of varying cross-sectional area.[90] Average cellular 
force decreased as the cross-sectional area decreased (more con-
fined). Inhibiting or activating myosin did not affect cell forces 
in confined environments, but did have an impact on cells in 
channels with a larger cross-sectional area.[90]

3.1.3. Force Applied to Microposts

The microposts previously discussed are unable to deflect 
without the influence of cellular forces, mimicking a static 
extracellular environment. However, forces applied by the 
extracellular environment act as mechanical signals that 
influence cellular function. For example, cells respond to 
topographical cues in their microenvironment by rearranging 
their cytoskeleton to migrate along these cues, while mechan-
ical cues, such as uniaxial strain, have a competing effect on 
cell alignment as cells orient themselves perpendicular to the 
direction of strain.[91] Implications of rival cues on engineered 
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Figure 7.  Measuring cellular forces with microposts and bowties. A) Cells produce both forces with their extracellular environment (cell–matrix force) 
and forces with other cells (cell–cell force). B) As indicated by the red arrows, the vector sum of cell–matrix forces exerted by a cell is zero. Fc (blue 
arrows) is the cell–cell force exerted by each cell. The cell–cell force is equal in magnitude but opposite in direction to the vector sum of a cell–matrix 
force. Cell A pulls on cell B with a cell–cell force equal and opposite to the force cell B exerts on cell A. Cells were constrained to a bowtie pattern by 
stamping fibronectin on the tips of select microposts. C) Red arrows indicate cell–matrix forces. D) Yellow arrows indicate cell–cell forces, i.e., tugging 
force. E) A scatter plot showing adherens junction size versus cell–cell (tugging) force under conditions that affect cytoskeletal tension. Adapted under 
the terms of PNAS License to Publish.[80] Copyright 2010, the Authors. Published by the National Academy of Sciences.
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tissues can be better understood by observing a cell’s behavior 
due to influences from the topographical and mechanical envi-
ronment.[91] Manipulating traditional micropost arrays can rec-
reate the mechanical stimuli found in vivo. These mechanical 
cues include actuation (magnetic microposts), stretch (vacuum 
chamber), and flow (microfluidics).

With magnetic microposts, a magnetic field acting on cobalt 
nanowires or iron particles dispersed throughout microposts 
causes the posts to bend and exert an external force on the cells 
(Figure  8A–F).[92–94] Magnetic microposts are fabricated in a 
manner similar to Figure 4C with an additional step to load the 
negative mold with magnetic material. Either cobalt nanowires 
(Figure  8C,D) or iron micro-/nanoparticles (Figure  8E,F) are 
integrated into the PDMS.[93,94] This technique has also been 
used with dry micro-/nanoparticles, meaning the particles 
are poured into the negative mold without the aid of a solu-
tion instead of premixing magnetic particles into PDMS.[95] A 
magnetic field is applied to the microposts by sliding magnets 
positioned on opposite sides of the micropost array. The mag-
netic field is larger when the magnets are closer together and 
smaller when the magnets are farther apart, thus controlling 
the induced torque. Cellular forces are calculated using Equa-
tion (1) where the spring constant is k = 3πEd4/64(L³ − Lw

3) and 
Lw is the length of the nanowire or region of embedded mag-
netic particles.[92]

Various studies with magnetic microposts have revealed 
changes in cellular contractility, focal adhesions, and spread 
area in response to the magnitude and frequency of applied 
forces. Interestingly, cellular force response has been observed to  
vary based on location within a cell. Cells exhibited increased 

focal adhesion size at the site of actuation and decreased cel-
lular forces at the peripheral adhesions of cells.[93] With smooth 
muscle cells, contractility increased quickly then leveled off for 
posts externally adherent to the cells, while internal posts expe-
rienced a steady increase in contractility.[96] Additionally, cells 
exhibited differing responses depending on initial spread area 
and pretension. Cells with low pretension showed decreased  
cellular forces and increased area after stimulation, while the cells 
with elongated bodies and high pretension exhibited increased 
force, but decreased spread area.[97] Moreover, actuation fre-
quency impacted the contractile responsiveness of cells, with 
cells favoring actuation frequencies closest to heartrate frequen-
cies.[96] Taken together, these studies exemplify the usefulness of 
magnetic microposts in understanding mechanotransduction.

In addition to magnetics, external forces can be applied 
to microposts integrated within a stretchable membrane via 
a vacuum chamber.[98] This technique allows single focal 
adhesions to be monitored. In an effort to understand pres-
sure-induced vascular disease progression during sustained 
stretching, vascular smooth muscle cells have been observed to 
increase their contractility first, then relinquish their contrac-
tility gradually, largely due to periphery focal adhesions.[98]

Cells in vivo experience forces due to shear flow. Tools com-
bining microfluidics and microposts help to quantify cell forces 
in response to shear stress.[86] After platelets are activated, 
they contract to form strong, stable blood clots (Figure 9D). A 
microfluidic device with embedded blocks and posts was cre-
ated to measure platelet forces under flow (Figure  9A,B).[99] 
During flow, the blocks created a shear gradient which induced 
platelet aggregation. The deflection of the accompanying post 
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Figure 8.  Magnetic microposts can be used to apply force to cells and quantify their response. A) Cells adhere to the tops of magnetic microposts and 
contract, deflecting the posts. B) Applying a magnetic field B causes an external force Fmag on the cell. The cell adjusts its environment by altering its 
force, which can be determined by measuring δ’. There are two types of magnetic microposts: those with nanowires and those with embedded particles. 
C) Magnetic post with nanowire (red) surrounded by nonmagnetic posts (blue). E) Posts with magnetic particles (dark, center column) surrounded by 
nonmagnetic posts (transparent). D,F) Applying a magnetic field causes the magnetic post to deflect and the nonmagnetic posts remain stationary.  
(A,B) Adapted with permission.[92] Copyright 2008, AIP Publishing LLC. (C,D) Adapted under the terms of PNAS License to Publish.[93] Copyright 2007, 
the Authors. Published by the National Academy of Sciences. (E,F) Adapted with permission.[94] Copyright 2017, Elsevier.
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(Figure 9C) indicated platelet forces which can be used to iden-
tify healthy, functioning platelets, or platelets of trauma patient 
requiring a blood transfusion (Figure 9E,F).[99] Another device 
combined microfluidics and magnetically actuated microposts 
to apply shear stress to blood clots as they form.[100] The posts 
were actuated to maintain constant deflection during platelet 
aggregation, documenting elasticity of the blood clot over 
time.[100]

3.2. Silicon Cantilevers

Microelectromechanical systems (MEMS) are microscale 
devices composed of electrical and mechanical elements that 
include sensors and/or actuators.[101] They consist typically 
of structures made from crystalline silicon material due to its 
advantageous mechanical properties[102,103] and its compatibility 
with micromachining techniques that can deposit, pattern, or 
etch this material with nanoscale precision.[104] MEMS were 
used as one of the first approaches to measure cellular forces 
with a deformable structure.[105] Specifically, a device was fab-
ricated with a multitude of cantilevers on a silicon wafer. Each 
cantilever was horizontal in orientation and was contained 
within its own cavity underneath the surface of the wafer, 
but with the tip of the cantilever extending out to the surface 
through an opening. As a cell crawled across the surface of the 
device, it made contact with the tip of the cantilever and dis-
placed it, which was measured optically.[105] In this manner, it 
was found that migrating cells not only generate forces at their 
leading edge, but have substantially larger, retrograde forces 
at their trailing edge. MEMS devices have also measured cell 
forces in embryonic Drosophia axons by measuring deflection of 
cantilevers optically relative to a fixed reference beam.[106] This 
MEMS device is a series of flexible silicon beams attached to a 
rigid probe which can be inserted into a biological environment 
to simultaneously exert forces and measure biological response. 

Using this system, it was observed that after release of exter-
nally applied tension to the Drosophia neurons, the cells con-
tracted and generated forces to restore tension, demonstrating 
an influence of mechanical tension to neuronal behavior.[106]

AFM is a versatile experimental technique used to push 
and pull on molecules, cells, tissues, or other materials on the 
nanoscale. Cantilever deflection is measured from laser deflec-
tion onto a photosensitive detector. Similar to aforementioned 
deformable structures, force is calculated from deflection, the 
cantilever dimensions, and the known stiffness of the cantilever. 
On the cellular scale, AFM can be used to measure mechanics 
such as cell stiffness or cellular response to force by pushing on 
the cell with an AFM cantilever.[107–109] More similar to afore-
mentioned measurements examining forces exerted by cells (as 
opposed to externally exerting forces on cells), it is also possible 
to adhere cells between a surface and an AFM cantilever and 
measure cell contraction (the cell pulling the cantilever toward 
the surface).[110] In a system with an AFM combined with a 
“side-view” microscope, contraction of human bone osteo-
sarcoma epithelial single cells was examined. It was observed 
that cells contract laterally at the midpoint before contracting 
vertically, suggesting directional cytoskeletal remodeling or 
contraction.[110] AFM cantilevers are often composed of silicon, 
usually silicon or silicon nitride. Similar to MEMS, these mate-
rials are used because they are mechanically well-characterized 
and structures with micrometer dimensional tolerances can be 
created using micromachining.[111] After being machined from 
silicon, cantilevers are often coated with thin metal layers such 
as gold for the purposes of functionalization and/or increased 
reflectance for deflection measurements.[112,113] A similar AFM 
method was used to measure mechanics and contraction 
dynamics of individual platelets. This work found that platelets 
contract immediately after binding to fibrinogen and complete 
contraction within 15 min, generating higher forces in stiffer 
microenvironments.[114] While this technique is challenging 
in throughput (one cell measured at a time) and cost (both 
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Figure 9.  Blocks and posts embedded into a microfluidic device can determine platelet forces and bleeding risk in trauma patients. A) A single block 
and post. B) Many blocks and posts within a channel. C) Platelet forces are determined by deflection of the post. D) Block and post after platelet 
aggregate has formed. E) In comparison to trauma patients not requiring a blood transfusion (blue), mean platelet force was significantly decreased in 
trauma patients requiring a transfusion (red). Healthy platelets reported the strongest forces (black). Adapted under the terms of Creative Commons 
Attribution 4.0 International License.[99] Copyright 2019, the Authors. Published by Springer Nature.
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the high cost of the AFM and the disposable cantilevers), it is 
capable of providing cell contraction forces temporarily and cell 
adhesion forces with simultaneous cell visualization in a variety 
of microenvironments.

3.3. Nanoposts

Nanoposts are smaller versions of microposts; they allow 
for higher spatial resolution of cell forces because there are 
more posts under each cell. However, fabrication of posts at 
a nanoscale level has its challenges. The casting process for 
nanopost arrays causes surface cracks to accumulate on nega-
tive mold which become more severe with each replication.[115] 
These cracks are not due to peeling the negative mold away 
from the nanoposts (mechanical stress), but rather thermal 
stresses that fracture the PDMS. Το combat thermally induced 
stresses, it is recommended that lower temperatures are used 
during fabrication and negative molds are only reused a few 
times.[115] Furthermore, master molds are often treated with 
silane vapor to prevent PDMS from permanently bonding to its 
surface.[116] This silane coating increases the geometry of the 
posts on the master, consequently reducing the dimensions of 
the nanoposts due to the double-casting process. As a result, 
silane deposition time should be monitored or the coating can 
adversely affect nanoscale dimensions of PDMS structures.[116]

A single cell covers multiple nanoposts, permitting cellular 
forces to be measured at multiple points on a cell (Figure 10A–C).  
For this reason, platelets have been studied on nanoposts to 
determine the role of the surface receptor GPIb-IX-V complex, 
which interacts with a protein called von Willebrand factor 
(VWF), in forming a hemostatic plug.[71] In blocking the recep-
tors GPIbα and αIIbβ3, the GPIb-IX-V complex was determined 
to transmit a significant portion of cytoskeletal forces to VWF 
and the extracellular environment (Figure  10D).[71] Nanoposts 
have also been used to understand the mechanism cardiomyo-
cytes use to probe matrix stiffness.[117] It was determined pro-
tein kinase C signaling activates nonmuscle myosin and muscle 
myosin contractions, which work together to sense extracellular 
matrix rigidity.[117]

Cell–matrix forces have been studied on microposts and 
nanoposts to compare the cellular response on posts of dif-
fering sizes.[118] Nanoposts illuminate more details regarding 
cellular forces that may be overlooked on microposts and more 
closely resemble continuous deformable materials.[118] Ideally, 
cellular forces measured using nanoposts should yield similar 
values to those measured using TFM. Although platelets have 
been found to spread in response to topography,[119] nanoposts 
are small enough to induce a cell spread area comparable to 
protein-coated flat surfaces.[71]

3.4. Tissue Posts

Tissues within hydrogels that are at the millimeter to hundreds 
of micrometers in length can be formed between the tips of two 
or more PDMS cantilevers, typically larger than microposts, 
to mimic a 3D environment while also measuring their con-
tractile forces.[120] The first incarnation of this approach was a 
device engineered to study the effects of drugs on electrically 
stimulated muscle tissue over long periods of time.[121] Around  
the same time, microfabricated tissue gauges (or µTUGs) 
were used to study the maturation of engineered tissues and  
monitor their response to biochemical, electrical, and mechan-
ical stimuli.[122] Shortly thereafter, a fibrin-based method with 
cardiomyocytes was developed to measure their dynamic twitch 
contractions as an engineered heart tissue.[123] Typically, the 
PDMS cantilevers have a T-shaped cap at their tips that prevent 
the tissues from pulling off the ends when the cantilevers are 
highly bent. Forces produced by the tissues are calculated using 
Equation (1), where the spring constant is k = Ewt³/6a²(3L − a), 
and w is the width of the cantilever beam, t is the thickness, and 
a is the length from the bottom of the cantilever to the centroid 
of the top portion of the “T.” These tissue posts can be modified 
by changing the stiffness, altering the geometry, adding elec-
trodes, or employing magnetic actuation to more closely model 
a cell’s natural environment.[124]

Various experiments with tissue gauges have revealed their 
capabilities. One application of tissue gauges was to study asthma 
by exposing airway smooth muscle tissue to contractile and 
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Figure 10.  In addition to microposts and the block and post microfluidic device, platelets have been studied on nanoposts. A) Nanoposts allow forces 
from a single platelet to be measured at many different locations. The image from scanning electron microscopy depicts several nanoposts under a 
single platelet (green). B) Side view and C) top view of a platelet on nanoposts. The white arrows represent force vectors, the green is an F-actin label, 
the red is the posts. D) Platelet force was inhibited when platelets were treated with antibodies AK2, 7E3, and AK2 and 7E3 to block GPIbα, αIIbβ3, and 
both receptors respectively to examine how they contribute to the transmission of platelet forces. Adapted with permission.[71] Copyright 2016, Elsevier.
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relaxant agents.[125] Moreover, by integrating carbon electrodes 
into traditional µTUGs, the effects of electrical stimulation on 
developing cardiac microtissues can be explored. Cardiac tis-
sues matured on stiffer posts and exposed to electrical stimula-
tion established superiority in both structure (cell alignment) and 
function (force generation).[126,127] Furthermore, to study the effect 
of extracellular matrix remodeling on tissue structure and forces, 
µTUGs can be used. Contractility was found to be dependent on 
post stiffness, while protein expression and extracellular matrix 
stiffening was correlated to mechanical stress.[122] Additionally, 
µTUGs are an appropriate tool for high-throughput monitoring 
of drug-induced effects on various types of cells.[122,126] How-
ever, PDMS is prone to absorbing small hydrophobic molecules, 
which may upset the outcome of experiments, especially in drug 
screening studies.[128]

A similar device used to study engineered heart tissues consists 
of one rigid post and one flexible post (Figure 11A).[129] In a study 
with pluripotent stem cell derived cardiomyocytes, the flexible post 
contained an embedded magnet in its tip (Figure  11B). A  giant 
magnetoresistive (GMR) sensor below the device recorded voltage 
changes as the force of the beating tissue deflected the post and 
magnet. The deflection recorded by the sensor was consistent with 
the optical deflection measurements (Figure  11C). The voltage 
was used to calculate the tissue beating frequency and twitch force 
in real-time.[129] Another study aimed to understand the role of 

afterload, or systolic load, in maturing engineered heart tissues.[130] 
This device still had one flexible post and one rigid post; however, 
the flexible post stiffness was adjustable with braces that varied the 
effective length of the posts (Figure  11D). The longer the brace, 
the shorter the post, and the higher the stiffness and afterload. 
Overall, increased afterload was determined to aid in the matura-
tion of human induced pluripotent stem cell-derived cardiomyo-
cytes (Figure 11E).[130] A similar system utilizing a piezo-bending 
actuator in one post produces automated force measurements that 
could aid in cardiac repair and drug screening.[131]

Tissue posts can be used in conjunction with other techniques 
and tools, including FRET and microfluidics. One experiment 
combined µTUGs with FRET to study the fibronectin matrix 
within collagen-based microtissues during wound healing.[132] 
These tools allowed the changes in spatial distributions and 
shape of fibronectin within the tissue to be measured.[132] Tissue 
posts can also be integrated into microfluidics, creating a device 
capable of monitoring clot mechanics to illustrate how shear 
flow and biochemical stimuli impact clot stiffening.[133]

3.5. Wires and Fibers

A device called Biowire provides the structural and electrical 
stimulation needed to mature cardiomyocytes into cardiac 
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Figure 11.  Human cardiomyocytes can be studied as a single cell on microposts or as a tissue on tissue posts. A) To study engineered heart tissues, 
one post remains rigid, while the other is flexible to measure deflection. B) In some cases, post deflection is measured by a GMR sensor which senses 
the movement of an embedded magnet inside the flexible post. C) The graph shows correlation between the deflection measured optically and the 
deflection reported by the GMR sensor. D) Tissue posts with braces to vary effective length and modify stiffness. E) Post deflection, twitch force, twitch 
velocity, and twitch power for various post lengths. (A,D,E) Adapted with permission.[130] Copyright 2018, Elsevier. (B,C) Adapted under the terms 
of Creative Commons Attribution 4.0 International Public License.[129] Copyright 2016, the Authors. Published by Mary Ann Liebert, Inc. publishers.
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tissue. The first-generation Biowire is fabricated using soft 
lithography techniques in a manner similar to microposts 
with a piece of sterile surgical silk suture placed in the center 
channel of the PDMS.[134] The second-generation Biowire II 
platform consists of two elastomer-based wires laid over a 
shallow chamber made of polystyrene (Figure  12A,B).[135,136] 
Both Biowire and Biowire II are placed inside an electrical 
stimulation chamber to mature the heart cells.[134]

Differentiated cardiomyocytes from human pluripotent stem 
cells can be used to engineer heart tissues. However, differen-
tiated cells must first be matured into adult cardiomyocytes. 
Biowire presents the architectural structure and electrical 
stimulation needed to develop mature heart cells. On the orig-
inal Biowire platform, cells aligned themselves along the suture 
of the 3D environment and, after several weeks of exposure to 
electrical frequency, the cells displayed traits more consistent 
with adult cardiomyocytes than the control group.[138] Further-
more, Biowire offers a high-throughput, high-content screening 
platform and has been used to investigate the effects of kinase 
inhibitors on cardiac tissue in addition to the side effects and 
cardiovascular risk of new drugs.[139,140] The Biowire II platform 
uses the deflection of the wires to measure systolic and dias-
tolic forces of cardiac tissue in real time.[135] Biowire II has been 
used to monitor the progression of cardiac fibrosis at the inter-
face of fibrotic and healthy tissue, while simultaneously func-
tioning as a drug screening platform.[135]

Filamentous matrices, or a matrix of synthetic parallel fibers, 
are fabricated using two-photon polymerization (TPP) and can 
be employed to examine cardiomyocytes (Figure 12C).[137] The 
spacing of the fibers regulates the structural alignment of cardi-
omyocytes, while the fiber diameter is altered to mimic cardiac 
tissue stiffness.[141] This platform has been used to monitor car-
diac tissue from patients with long QT syndrome type 3 (LQT3) 
and tissues with a sarcomeric mutation. A filamentous matrix 
allows the contractile defects of tissues and their vulnerability 
to topographical cues (stiffness) or environmental stressors 
(pharmaceuticals) to be quantified.[137,141]

Aside from cardiomyocytes, filamentous matrices are suit-
able for other applications. Fibers can mimic the extracel-
lular matrix to study cell emergence from monolayers, wound 
gap closure, and cell migration.[142] On matrices with large 

interfiber spacing, cells were observed to break away on their 
own or in small groups, while multiple groups of cells emerged 
collectively on matrices with small interfiber spacing.[142] Fur-
thermore, fibrous scaffolds constructed using spinneret-based 
tunable engineered parameters technique were used to study 
how various mechanical and chemical stimuli impact cellular 
behavior, including cell migration.[143]

To better understand tissue remodeling, recent work has uti-
lized a fibrillar collagen matrix to study macrophage migration 
toward an attractive force source and in response to deforma-
tion fields produced by fibroblasts.[144] This approach reveals 
that long-distance mechanical signals may drive cell migration 
over structural cues.

4. Conclusion and Future Outlook

In this review, we discussed the measurement of cellular forces 
using deformable materials including polysiloxane, polyacryla-
mide, native ECM, and engineered gels as well as deformable 
structures composed of polydimethylsiloxane, silicon, or print-
able polymers. Through all these techniques, deformation 
(material or structural) is measured and used to calculate force 
from the known properties such as material stiffness and/or 
structural dimensions. Over the last three decades, approaches 
to measure cellular forces have been invented and improved, 
facilitating characterization of the strength of cellular forces 
directionally and temporarily during cell processes such as 
migration or maturation, in healthy or diseased states, and in 
the presence or absence of key cellular markers or external 
stimuli. Using different approaches to measure force and a wide 
variety of cell types can help to elucidate the common features 
in cell mechanics and increase our confidence in establishing 
robust biomechanical relationships for cells. For example, 
the effect of stiffness on cellular force generation has been 
examined by measuring bead displacement on multiple mate-
rials[18,21] as well as on structures.[47] Additionally, the observa-
tion that cellular forces increase as function of focal adhesion 
size has been corroborated with multiple methods.[19,20,47] 
While each method has its strengths and drawbacks, collec-
tively these methods work symbiotically to elucidate biophysical 
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Figure 12.  Fibrous platforms are used to mature stem cells into cardiac tissue. A,B) Biowire II consists of a tissue suspended between two wires.  
C) Cardiac tissue on a filamentous matrix. (A,B) Adapted under the terms of American Chemical Society AuthorChoice License.[135] Copyright 2019, the 
Authors. Published by American Chemical Society. (C) Adapted with permission.[137] Copyright 2014, Elsevier.
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relationships and increase confidence that these relationships 
are not an artifact of the observation method.

Despite the improvement in these techniques and the vast 
knowledge gained from them, some challenges prevent acces-
sibility of these techniques to all fields and research groups. 
Material wrinkling, the earliest method to characterize cell 
forces, facilitated the first method to compare cell forces but 
is ultimately nonquantitative.[9,10] Later methods facilitated 
quantification and the first force maps indicating cell force 
magnitude and direction[15,16] but are challenging and time con-
suming because they require cell removal to obtain a reference 
image. Others do not require a reference image, but the manu-
facturing of each substrate requires clean room preparation[20] 
or individual printing of each reference point.[19] Ultimately 
this means that each technique has one or more challenges 
including high cost (particularly start-up cost), manufacturing 
complexity or difficulty, imaging temporal limitations, quantifi-
cation or computational analysis challenges, and/or throughput. 
Traction force microscopy methods can also be confounded by 
other variables; for example, substrate topography and micro-
environmental stiffness that affect cell function.

Looking to the future, an ideal system may increase 
throughput and decrease technical challenges involved in system 
manufacturing, data collection, and/or data analysis. This system 
may involve techniques in which system manufacturing is less 
expensive, increased throughput (i.e., more cells measured per 
unit or reduced manufacturing time per unit), and/or requires 
only widely available, inexpensive equipment. It would also be 
desirable to use simple image acquisition approaches to cap-
ture material or structural deformation and fast computational 
tools to measure cellular forces with accuracy. Additionally, a 
system should be versatile to a variety of cell types (varied sizes, 
strengths, and functions) and compatible with other cellular 
assays, i.e., immunofluorescence microscopy, RNA-seq, etc., to 
understand how cell mechanics relates to cell function. Finally, 
an ideal system could both measure cellular forces and not inad-
vertently affect their behavior, unless by intention, in order to 
facilitate our understanding of mechanobiology.

Acknowledgements
A.M.O. and M.Y.M. contributed equally to this work. This work was 
supported by the National Science Foundation (CMMI-1661730 and 
CMMI-1824792), Wings for Life Foundation (WFL-US-28-17), and 
National Institutes of Health (EB028094 and HL147462).

Conflict of Interest
The authors declare no conflict of interest.

Keywords
cell mechanics, microposts, traction force microscopy (TFM), traction 
forces

Received: October 15, 2019
Revised: December 4, 2019

Published online: 

[1]	 D. A. Fletcher, R. D. Mullins, Nature 2010, 463, 485.
[2]	 P. A. Janmey, C. A. McCulloch, Annu. Rev. Biomed. Eng. 2007, 9, 1.
[3]	 J. Guck, F. Lautenschläger, S. Paschke, M. Beil, Integr. Biol. 2010, 

2, 575.
[4]	 C. J. Miller, L. A. Davidson, Nat. Rev. Genet. 2013, 14, 733.
[5]	 F. B. Kai, H. Laklai, V. M. Weaver, Trends Cell Biol. 2016, 26, 486.
[6]	 M. Murrell, P. W. Oakes, M. Lenz, M. L. Gardel, Nat. Rev. Mol. Cell 

Biol. 2015, 16, 486.
[7]	 R. Hooke, Micrographia 1665.
[8]	 S. Katta, M. Krieg, M. B. Goodman, Annu. Rev. Cell Dev. Biol. 2015, 

31, 347.
[9]	 A. K. Harris, P. Wild, D. Stopak, Science 1980, 208, 177.

[10]	 A. K. Harris, D. Stopak, P. Wild, Nature 1981, 290, 249.
[11]	 K. Burton, D. L. Taylor, Nature 1997, 385, 450.
[12]	 K. Burton, J. H. Park, D. L. Taylor, Mol. Biol. Cell 1999, 10, 3745.
[13]	 D. M. Helfman, E. T. Levy, C. Berthier, M. Shtutman, D. Riveline, 

I.  Grosheva, A.  Lachish-Zalait, M.  Elbaum, A. D.  Bershadsky, 
Mol. Biol. Cell 1999, 10, 3097.

[14]	 B.  Hinz, G.  Celetta, J. J.  Tomasek, G.  Gabbiani, C.  Chaponnier, 
Mol. Biol. Cell 2001, 12, 2730.

[15]	 J. Lee, M. Leonard, T. Oliver, A.  Ishihara, K.  Jacobson, J. Cell Biol. 
1994, 127, 1957.

[16]	 T. Oliver, M. Dembo, K. Jacobson, Cell Motil. Cytoskeleton 1995, 31, 
225.

[17]	 M. Dembo, T. Oliver, A. Ishihara, K. Jacobson, Biophys. J. 1996, 70, 
2008.

[18]	 E.  Gutierrez, E.  Tkachenko, A.  Besser, P.  Sundd, K.  Ley, 
G. Danuser, M. H. Ginsberg, A. Groisman, PLoS One 2011, 6, 1.

[19]	 M. Bergert, T. Lendenmann, M. Zündel, A. E. Ehret, D. Panozzo, 
P. Richner, D. K. Kim, S. J. P. Kress, D. J. Norris, O. Sorkine-Hornung,  
E.  Mazza, D.  Poulikakos, A.  Ferrari, Nat. Commun. 2016, 7,  
12814.

[20]	 N. Q. Balaban, U. S. Schwarz, D. Riveline, P. Goichberg, G. Tzur, 
I.  Sabanay, D.  Mahalu, S.  Safran, A.  Bershadsky, L.  Addadi, 
B. Geiger, Nat. Cell Biol. 2001, 3, 466.

[21]	 R. Pelham, L.-L. Wang, Proc. Natl. Acad. Sci. USA 1997, 94, 13661.
[22]	 Y. Wang, R. J. Pelham, Methods Enzymol. 1998, 298, 489.
[23]	 S. Munevar, Y. L. Wang, M. Dembo, Biophys. J. 2001, 80, 1744.
[24]	 S. R.  Polio, K. E.  Rothenberg, D.  Stamenović, M. L.  Smith, 
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